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A B S T R A C T
Infection with gastrointestinal parasitic nematodes is a major cause of chronic morbidity and economic burden
around the world, particularly in low-resource settings. Some parasitic nematode species, including the human-
parasitic threadworm Strongyloides stercoralis and human-parasitic hookworms in the genera Ancylostoma and
Necator, feature a soil-dwelling infective larval stage that seeks out hosts for infection using a variety of host-
emitted sensory cues. Here, we review our current understanding of the behavioral responses of soil-dwelling
infective larvae to host-emitted sensory cues, and the molecular and cellular mechanisms that mediate these
responses. We also discuss the development of methods for transgenesis and CRISPR/Cas9-mediated targeted
mutagenesis in Strongyloides stercoralis and the closely related rat parasite Strongyloides ratti. These methods have
established S. stercoralis and S. ratti as genetic model systems for gastrointestinal parasitic nematodes and are
enabling more detailed investigations into the neural mechanisms that underlie the sensory-driven behaviors of
this medically and economically important class of parasites.
1. Introduction
Soil-transmitted gastrointestinal parasitic nematodes such as the
human threadworm Strongyloides stercoralis and hookworms in the
genera Ancylostoma and Necator infect over 600 million people and are
a major source of neglected tropical disease. Infections are pre-
dominantly reported in resource-limited countries located in the tro-
pical and subtropical regions of the world (Bethony et al., 2006; Bisoffi
et al., 2013; Buonfrate et al., 2013; Schar et al., 2013; Nutman, 2017).
However, nematode infections persist even within resource-rich coun-
tries such as the United States, primarily in areas of extreme poverty
(McKenna et al., 2017). Although infections are often asymptomatic,
symptoms of chronic, heavy infection can include gastrointestinal dis-
tress, stunted growth and cognitive impairment in children, anemia in
the case of hookworms, and death in the case of untreated S. stercoralis
infections (Bethony et al., 2006; Bisoffi et al., 2013; Buonfrate et al.,
2013; Forrer et al., 2017; McKenna et al., 2017; Nutman, 2017). In
humans, chronic nematode infections are estimated to cause an annual
disease burden of over 5 million disability adjusted life years (DALYs)
(Boatin et al., 2012; Pullan et al., 2014). Furthermore, parasitic ne-
matodes that infect grazing livestock are a major economic threat in
both developed and underdeveloped countries (Kumar et al., 2013;
Roeber et al., 2013; Emery et al., 2016).
Current treatments for gastrointestinal parasitic nematodes rely on
anthelminthic drugs to reduce the worm burden of ongoing infections.
This strategy does not prevent reinfection, a serious issue in regions
where parasitic nematodes are endemic. In addition, drug resistance
resulting from repeated treatments in humans is expected to emerge in
the near future (Keiser and Utzinger, 2008; Diawara et al., 2013). In-
deed, for livestock-parasitic nematodes, resistance to anthelminthic
drugs stemming from mass drug administration is a worldwide phe-
nomenon with significant consequences for treatment (Kumar et al.,
2013; Roeber et al., 2013; Emery et al., 2016; Learmount et al., 2016).
Thus, the identification of new strategies for treating or preventing
parasitic nematode infections has clear relevance to global health and
economics.
Many gastrointestinal parasitic nematodes, including hookworms
and Strongyloides species, invade hosts as environmentally motile in-
fective third-stage larvae (iL3s). The iL3 stage of parasitic nematodes is
similar to the dauer larval stage of C. elegans and other free-living ne-
matodes (Hotez et al., 1993; Viney et al., 2005; Crook, 2014). For
parasitic nematodes with an iL3 stage, parasitic adults reside in the
mucosal lining of the host intestine, where they reproduce. Eggs or
young larvae pass into the environment with feces and then mature on
feces, passing through multiple larval stages until they developmentally
arrest as iL3s. In the case of some Strongyloides species, the nematodes
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can develop through a limited number of free-living generations before
arresting as iL3s (Roberts et al., 2005). For example, S. stercoralis can
develop through a single free-living generation (Roberts et al., 2005). S.
stercoralis can also cycle through multiple generations in the same host
(Roberts et al., 2005). iL3s must infect a host to continue their life cycle.
Different species use different strategies for infecting hosts. Some iL3s
actively invade by skin penetration, while other iL3s invade passively
when they are ingested by a host. Skin-penetrating nematodes include
hookworms and Strongyloides species (Roberts et al., 2005; Nutman,
2017; Velikkakam et al., 2017). Passively ingested nematodes include
human-infective nodular worms in the genus Oesophagostomum (Storey
et al., 2000; Ghai et al., 2014; Cibot et al., 2015), as well as the ru-
minant-parasitic nematode Haemonchus contortus (Parkins and Holmes,
1989; Terrill et al., 2012). In addition, hookworms in the genus Ancy-
lostoma can infect by both skin penetration and passive ingestion
(Yokogawa and Oiso, 1926; Landmann and Prociv, 2003; Haas et al.,
2005a; Traub, 2013). Once inside the host, skin-penetrating iL3s mi-
grate through the body, and finally colonize the small intestine (Roberts
et al., 2005; Schafer and Skopic, 2006). Passively ingested species travel
to the small intestine after being swallowed (Roberts et al., 2005;
O'Connor et al., 2006).
Gastrointestinal parasitic nematodes generally have narrow host
ranges (Haley, 1961; Bezubik, 1965; Nolan et al., 2007; Viney and Lok,
2007; Viney and Kikuchi, 2017). For example, S. stercoralis naturally
infects humans, non-human primates, and dogs; other species in the
Strongyloides genus naturally infect other limited subsets of mammals,
birds, reptiles, or amphibians (Viney and Lok, 2007). The process by
which iL3s locate and infect hosts is likely comprised of several sensory-
driven behaviors, including long-range navigation toward a potential
host, short-range host identification, and host invasion (Haas, 2003).
Together, long-range navigation and short-range identification are
collectively referred to as “host seeking,” and involve the recognition of
multiple host-emitted sensory cues (Gang and Hallem, 2016). Although
it was long thought that only skin-penetrating iL3s participated in
sensory-driven host seeking, several studies have suggested that at least
some passively ingested iL3s also use host-emitted sensory cues to po-
sition themselves near potential hosts (Hernandez and Sukhdeo, 1995;
Castelletto et al., 2014; Ruiz et al., 2017; Bryant et al., 2018).
2. Chemosensory responses of skin-penetrating nematodes
Species-specific volatile and soluble chemicals are produced by the
skin, sweat, breath, serum, skin microbiota, urine, and feces of all
mammals (Sharaf et al., 1977; Cork and Park, 1996; Arnould et al.,
1998; Bernier et al., 1999, 2000, 2002; Safer et al., 2007; Gallagher
et al., 2008; Psychogios et al., 2011; Verhulst et al., 2011; Starkenmann,
2017; Moulvi et al., 2018). Skin extracts appear to be attractive to the
iL3s of some skin-penetrating species but not others (Table 1). For ex-
ample, both the dog hookworm Ancylostoma caninum and S. stercoralis,
which naturally infects dogs as well as humans, are attracted to dog
skin extract (Granzer and Haas, 1991; Safer et al., 2007). Skin extracts
are also known to stimulate skin penetration in A. caninum and some
Strongyloides species (Granzer and Haas, 1991; Sakura and Uga, 2010).
For these species, iL3s penetrate host skin at a higher frequency than
non-host skin, an effect thought to result from host-specific penetration-
stimulating chemical cues (Granzer and Haas, 1991; Sakura and Uga,
2010). In contrast, human skin extract does not appear to attract the
human hookworms Ancylostoma duodenale and Necator americanus, al-
though it does trigger increased crawling and skin penetration (Haas
et al., 2005a, 2005b). Host serum and serum components such as so-
dium chloride are attractive for skin-penetrating iL3s in the genera
Ancylostoma, Necator, and Strongyloides (Table 1) (Zietse et al., 1981;
Wauters et al., 1982; Vetter et al., 1985; Ma, 1987; Granzer and Haas,
1991; Tada et al., 1997; Koga and Tada, 2000; Tobata-Kudo et al.,
2000a; Forbes et al., 2003, 2004; Koga et al., 2004, 2005; Haas et al.,
2005a).
A number of olfactory cues have also been identified as attractants
for skin-penetrating nematodes (Table 1) (Gang and Hallem, 2016). For
example, S. stercoralis iL3s are attracted to urocanic acid, a component
of mammalian skin extract (Safer et al., 2007). S. stercoralis iL3s are also
attracted to other odorants found in human skin and sweat, including
many that are known to attract mosquitoes (Castelletto et al., 2014).
Comparisons of the olfactory behaviors of diverse parasitic nematode
species have revealed that olfactory preferences are species-specific
(Castelletto et al., 2014; Ruiz et al., 2017). Furthermore, olfactory
preferences reflect host range rather than genetic relatedness. For ex-
ample, the chemosensory responses of the rat parasite Strongyloides ratti
are more similar to those of the distantly related rat parasite Nippos-
trongylus brasiliensis than to those of a close relative, S. stercoralis
(Castelletto et al., 2014). These results suggest that species-specific ol-
factory cues play a role in the ability of parasitic nematodes to locate
and identify hosts. In addition, the olfactory preferences of at least some
skin-penetrating iL3s can be modulated over the course of multiple days
by the cultivation temperature recently experienced by the iL3s (Lee
et al., 2016), perhaps enabling the iL3s to adapt to seasonal changes in
environmental or host-emitted chemosensory cues (Ferkin et al., 1995;
Heth et al., 1996; Zhang et al., 2005).
While the iL3s of Strongyloides species are attracted to skin and
sweat odorants, they are not attracted to fecal odor (Castelletto et al.,
2014). In contrast, the non-infective free-living larval and adult stages
of Strongyloides species are attracted to fecal odor (Castelletto et al.,
2014). The free-living life stages of Strongyloides species inhabit feces
and feed off fecal bacteria, whereas the iL3s migrate off feces and into
the soil to host seek (Gang and Hallem, 2016). Thus, loss of attraction to
fecal odor specifically at the infective stage may enable iL3s to disperse
from feces to host seek (Castelletto et al., 2014). The mechanisms that
generate this life-stage-specific change in the valence of olfactory re-
sponses have not yet been investigated. Furthermore, the responses of
hookworm species to fecal odor have not yet been examined.
An important host-emitted cue for many parasitic animals is the
respiratory byproduct carbon dioxide (CO2) (Gang and Hallem, 2016;
Takken and Verhulst, 2017). While the CO2 concentration in ambient
air is ∼0.038% (Scott, 2011), the CO2 concentration in mammalian
breath is ∼5% (Byrnes et al., 1997; Buszewski et al., 2007). The re-
sponses of skin-penetrating iL3s to CO2 vary across species. Early stu-
dies of iL3 responses to CO2 found that both A. caninum and S. stercoralis
iL3s showed increased crawling in response to CO2 (Sciacca et al.,
2002). A. caninum also showed CO2-induced increases in nictation, a
host-seeking behavior thought to facilitate attachment to host skin in
which the worm stands on its tail and waves its head (Granzer and
Haas, 1991). In contrast, N. americanus and A. duodenale showed in-
creased crawling only in response to CO2 in combination with warmth
(35°C) or moisture (Haas et al., 2005a). More recently, the iL3s of
multiple skin-penetrating species, including S. stercoralis, A. ceylanicum,
S. ratti, and N. brasiliensis, were found to be repelled by CO2 in a che-
motaxis assay (Castelletto et al., 2014; Ruiz et al., 2017). A lack of CO2
attraction by skin-penetrating iL3s is consistent with their infection
route, since only low levels of CO2 are emitted from mammalian skin
(Alkalay et al., 1971). Furthermore, fecal deposits emit high con-
centrations of CO2 (Jensen and Jorgensen, 1994; de Lacy Costello et al.,
2014; Rotbart et al., 2017), and CO2 repulsion may facilitate host
seeking by driving dispersal from feces into the soil environment.
3. Chemosensory responses of passively ingested nematodes
Although passively ingested nematodes do not actively invade hosts,
a number of studies have revealed that they nevertheless respond ro-
bustly to host-emitted chemosensory cues (Table 1). For example, the
passively ingested murine parasite Heligmosomoides polygyrus is at-
tracted to mouse urine and epidermal lipids (Hernandez and Sukhdeo,
1995), mammalian skin and sweat odorants (Ruiz et al., 2017), and host
fecal odor (Ruiz et al., 2017). Attraction to mammalian-derived
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odorants may drive increased contact with host skin and fur, which can
lead to ingestion during grooming (Hernandez and Sukhdeo, 1995).
Similarly, attraction to fecal odor may facilitate ingestion during co-
prophagy. Despite their attraction to fecal odor, H. polygyrus iL3s
nevertheless eventually disperse from feces to engage in environmental
navigation (Ruiz et al., 2017). The sensory cues that drive dispersal
from feces are not yet clear. However, the ability of H. polygyrus iL3s to
disperse from feces and migrate toward host-emitted odors may in-
dicate that if a new host does not ingest their initial fecal source, pas-
sively ingested iL3s will seek out either a new fecal source or a host
(Ruiz et al., 2017). As with H. polygyrus, the passively ingested rumi-
nant parasite Haemonchus contortus is attracted to some mammalian
odorants (Castelletto et al., 2014; Ruiz et al., 2017). H. contortus iL3s
are also attracted to the smell of cut grass, which may enable them to
migrate off feces and into grass, where they are more likely to en-
counter grazing ruminants (Castelletto et al., 2014). Together, these
results suggest that orally ingested infective larvae use sensory-driven
navigation to facilitate host engagement (Hernandez and Sukhdeo,
1995; Castelletto et al., 2014; Ruiz et al., 2017).
Interestingly, passively ingested iL3s show experience-dependent
responses to CO2 (Ruiz et al., 2017). In the case of H. polygyrus, iL3s
cultivated on feces are repelled by CO2, whereas iL3s that have been
removed from feces for multiple days are attracted to CO2 (Fig. 1A).
Cultivation under high CO2 conditions (2.5% ambient CO2) mimics the
on-feces condition, such that iL3s removed from feces and then culti-
vated at high CO2 remain repelled by CO2. The response of H. polygyrus
to the odorant benzaldehyde also changes from repulsive to attractive
following removal from feces (Ruiz et al., 2017). Thus, H. polygyrus
shows experience-dependent changes in the valence of multiple che-
mosensory responses. In the case of H. contortus, iL3s that are cultivated
on feces are neutral to CO2; iL3s cultivated off feces for multiple days
are attracted to CO2 (Castelletto et al., 2014; Ruiz et al., 2017). Whether
the responses of H. contortus to other odorants also change following
removal from feces has not yet been investigated. Both CO2 and
Table 1
The known responses of selected environmentally motile parasitic nematode infective larvae to host-emitted chemical attractants and thermosensory
cues. The behaviors listed are those that have been described for iL3s of the indicated species; behaviors not listed either have not been tested or have been tested but
not observed. The chemical attractants listed include only known chemical attractants for iL3s prior to host infection.
Nematode Species Hosts Infection Mode Chemical Attractants Temperature-Driven Behaviors References
Necator americanus humans skin penetration NaCl arousal
positive thermotaxis
skin penetration
Haas et al., 2005a,b
Koga et al., 2004
Ancylostoma duodenale humans skin penetration
oral infection
arousal
positive thermotaxis
skin penetration
nictation
Haas et al., 2005a,b
Ancylostoma ceylanicum humans
dogs
cats
other carnivores
skin penetration
oral infection
positive thermotaxis
negative thermotaxis
migration speed
altered path curvature
Bryant et al., 2018
Ancylostoma caninum dogs skin penetration
oral infection
serum
skin extract
arousal
positive thermotaxis
skin penetration
nictation
Bhopale et al., 2001
Granzer and Haas, 1991
Vetter et al., 1985
Wauters et al., 1982
Zietse et al., 1981
Strongyloides stercoralis humans
primates
dogs
skin penetration host odorants
skin extract
serum
NaCl
sweat
arousal
positive thermotaxis
negative thermotaxis
migration speed
altered path curvature
Bryant et al., 2018
Castelletto et al., 2014
Forbes et al., 2003, 2004
Koga et al., 2005
Lopez et al., 2000
Safer et al., 2007
Strongyloides ratti rats skin penetration host odorants
serum
NaCl
arousal
positive thermotaxis
negative thermotaxis
skin penetration
altered path curvature
Barrett, 1968
Bryant et al., 2018
Castelletto et al., 2014
Koga and Tada, 2000
Lee et al., 2016
Sakura and Uga, 2010
Tada et al., 1997
Tobata-Kudo et al., 2000a,b
Nippostrongylus brasiliensis rats skin penetration host odorants arousal
positive thermotaxis
negative thermotaxis
altered path curvature
Bryant et al., 2018
Castelletto et al., 2014
Parker and Haley, 1960
Heligmosomoides polygyrus mice oral infection host odorants
fecal odor
urine
skin extract
CO2
positive thermotaxis
negative thermotaxis
Bryant et al., 2018
Hernandez and Sukhdeo, 1995
Ruiz et al., 2017
Haemonchus contortus ruminants oral infection host odorants
CO2
thermotaxis toward previous cultivation
temperature
Castelletto et al., 2014
Li et al., 2000a, 2000b
Ruiz et al., 2017
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benzaldehyde are emitted from mammalian feces (Jensen and
Jorgensen, 1994; Garner et al., 2007; De Preter et al., 2009; Martin
et al., 2010; Apps et al., 2012; de Lacy Costello et al., 2014; Rotbart
et al., 2017; Uetake et al., 2017). The experience-dependent plasticity
exhibited by passively ingested iL3s in response to fecal-associated
chemosensory cues, in combination with their attraction to mammalian
skin odorants, suggests that chemosensation contributes to a highly
flexible infection strategy wherein iL3s that are not rapidly ingested by
a host can abandon their original fecal sources, disperse into the en-
vironment, and then navigate toward more favorable ingestion condi-
tions (Fig. 1B) (Ruiz et al., 2017).
4. Thermosensory responses of skin-penetrating nematodes
Unlike chemosensory cues, thermosensory cues are not thought to
contribute to the selectivity of environmentally motile mammalian-
parasitic iL3s for their host species. However, directional navigation in
response to thermal gradients is likely a major feature of the ability of
these nematodes to migrate rapidly toward potential hosts. Consistent
with a critical role for thermotaxis in host seeking, iL3s display robust
temperature-driven behaviors. In the case of many skin-penetrating
iL3s, sudden exposure to temperatures approximating host body tem-
perature results in behavioral arousal, as defined by a non-directional
increase in locomotion. For example, a number of species in the genera
Strongyloides and Ancylostoma exhibit an increase in crawling behavior
and an increase in crawling speed in response to heat (Table 1) (Croll
and Smith, 1972; Granzer and Haas, 1991; Haas et al., 2005a;
Castelletto et al., 2014; Bryant et al., 2018).
Early studies testing temperature-driven navigation used small agar
surfaces to observe relatively straight short-range migration toward
heat by the iL3s of multiple skin-penetrating parasitic nematode spe-
cies, including those that infect humans (Table 1) (Reesal, 1951; Parker
and Haley, 1960; Gupta, 1963; Barrett, 1968; Croll and Smith, 1972;
Granzer and Haas, 1991; Lopez et al., 2000; Tobata-Kudo et al., 2000b;
Haas et al., 2005b). The parasitic adults of several species were also
reported to swim up thermal gradients (McCue and Thorson, 1964).
However, these experiments are difficult to interpret given the possible
contribution of convection currents (Croll and Smith, 1972). Thus, the
responses of non-infective life stages to thermal gradients remain un-
clear.
4.1. Skin-penetrating iL3s exhibit positive and negative thermotaxis
More recently, the ability of thermosensation to act as a long-dis-
tance host cue was assayed using a large-format thermal arena based on
those designed for C. elegans (Goodman et al., 2014) but modified for
use with iL3s. For a phylogenetically diverse set of skin-penetrating
nematodes, iL3s were found to display both positive and negative
thermotaxis, with the thermal switch point between positive and
negative thermotaxis determined by the recently experienced environ-
mental temperature (Table 1) (Tobata-Kudo et al., 2000b; Bryant et al.,
2018). iL3s exposed to temperatures above the thermal switch point
engage in positive thermotaxis toward temperatures above mammalian
skin surface temperature (∼31–34°C) (Benedict et al., 1919; Burton,
1935; Haas et al., 2005a, 2005b; Bryant et al., 2018). Having a pre-
ferred temperature above skin surface temperature may drive migration
that does not attenuate as the iL3s approach a heat source (Bryant et al.,
2018). Negative thermotaxis is characterized by robust movement to-
ward colder temperatures and has been observed with multiple species
of skin-penetrating iL3s (Table 1) (Tobata-Kudo et al., 2000b; Bryant
et al., 2018). For parasitic iL3s, negative thermotaxis may act as a
dispersal mechanism, promoting movement away from temperatures
that do not clearly signal the presence of a mammalian host. By moving
iL3s toward cooler temperatures, negative thermotaxis may enhance
subsequent detection of host-emitted heat.
Could skin-penetrating iL3s sense and respond to thermal cues
emitted from host animals? At foot to hip level, the thermal micro-
climate surrounding the human body is approximately 8 cm thick (Gao
and Niu, 2005; Voelker et al., 2014). Thus, when skin-penetrating iL3s
encounter heat emitted from a standing or sitting human, they will be at
most∼8 cm away. In an artificial thermal gradient, iL3s were observed
to crawl distances of over 15 cm in order to reach mammalian skin
temperature (Bryant et al., 2018). The ability of S. stercoralis iL3s to
engage in positive thermotaxis toward distantly located host tempera-
ture suggests that they are likely capable of migrating toward thermal
stimuli emitted naturally from a human host.
C. elegans adults also engage in positive and negative thermotaxis to
navigate in relation to a “remembered” cultivation temperature (TC),
such that at temperatures above TC they display negative thermotaxis
and at temperatures below TC they display positive thermotaxis
(Hedgecock and Russell, 1975; Mori and Ohshima, 1995; Ryu and
Samuel, 2002; Ito et al., 2006; Clark et al., 2007b; Ramot et al., 2008b;
Garrity et al., 2010; Jurado et al., 2010). However, the temperature
range over which C. elegans navigates is very different from that over
which skin-penetrating iL3s navigate. C. elegans adults engage in ther-
motaxis within their physiological temperature range of ∼15°C–25°C
and show noxious avoidance of temperatures above 25°C (Hedgecock
and Russell, 1975; Mori and Ohshima, 1995; Wittenburg and
Baumeister, 1999; Ryu and Samuel, 2002; Ito et al., 2006; Clark et al.,
2007b; Ramot et al., 2008b; Garrity et al., 2010; Jurado et al., 2010;
Glauser et al., 2011; Glauser, 2013; Schild and Glauser, 2013; Glauser
and Goodman, 2016; Bryant et al., 2018). The responses of C. elegans
dauers to thermal stimuli remain poorly understood, but they appear to
be insensitive to thermal stimuli that are noxious for adults (Wittenburg
and Baumeister, 1999; Bryant et al., 2018).
Fig. 1. The chemosensory preferences of pas-
sively ingested H. polygyrus iL3s are highly flex-
ible. A. H. polygyrus iL3s display an experience-de-
pendent shift in CO2 preference; the response of iL3s
to 10% CO2 switches from repulsive to attractive
over the course of 6 days following removal from
feces. The chemotaxis index is a measure of chemo-
sensory preference that ranges from +1 to−1, with
+1 indicating maximum attraction and −1 in-
dicating maximum repulsion. ***p < 0.001 relative
to day 0, Kruskal-Wallis test with Dunn's post-test.
Figure reproduced from Ruiz et al. (2017). B. Dia-
gram representing a model wherein experience-de-
pendent responses to CO2 and other fecal odorants
contribute to a flexible infection strategy in which
passively ingested iL3s abandon older feces that are not rapidly ingested by a host, in favor of seeking out either new fecal sources or host animals. iL3s are not drawn
to scale.
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4.2. Recently experienced environmental temperatures regulate
thermosensory behaviors
For C. elegans adults, exposure to a new ambient temperature resets
TC within hours and alters thermotaxis behavior (Hedgecock and
Russell, 1975; Mohri et al., 2005; Kodama et al., 2006; Kuhara and
Mori, 2006; Clark et al., 2007b; Garrity et al., 2010). Similarly, changes
to the ambient temperature modulate the threshold for triggering
noxious heat avoidance (Schild et al., 2014). As in C. elegans, the
thermal switch point between positive and negative thermotaxis in
skin-penetrating iL3s is regulated by the recently experienced en-
vironmental temperature (Tobata-Kudo et al., 2000b; Bryant et al.,
2018), and changing the ambient temperature shifts the thermal switch
point toward the new ambient temperature within hours (Bryant et al.,
2018). For example, iL3s cultivated at 15°C are more likely to engage in
positive thermotaxis when placed at temperatures between 21°C and
23°C than iL3s cultivated at 23°C (Fig. 2A) (Bryant et al., 2018). In
addition, prolonged cultivation of A. caninum iL3s at 7°C was found to
significantly reduce both the preferred temperature of the larvae and
the temperature that triggers skin-penetration behavior (Granzer and
Haas, 1991). The rapid increase in positive thermotaxis following cul-
tivation at cooler temperatures suggests that iL3s can modulate their
behavior in response to diurnal temperature fluctuations (Bryant et al.,
2018). Specifically, it suggests that iL3s may be more likely to engage in
temperature-driven host seeking in the late evening or early morning,
when environmental temperatures are low (Bennett et al., 1988;
Robinson, 1994) and hosts are active (Fig. 2B). However, when iL3s are
cultivated near host body temperature, thermal plasticity is reduced,
such that iL3s still display positive thermotaxis and skin-penetration
behaviors (Fig. 2A) (Granzer and Haas, 1991; Bryant et al., 2018). Thus,
iL3s will likely engage in temperature-driven host seeking even when
environmental temperatures are high (Fig. 2C).
4.3. Thermal drive regulates multiple aspects of iL3 movement
The movement patterns of skin-penetrating iL3s are regulated by
thermal cues, such that thermal conditions drive transitions between
long-range navigation, local search, and skin-penetration behavior.
Across species, skin-penetrating iL3s that are engaged in positive
thermotaxis at temperatures well below host body temperature travel in
relatively straight trajectories (Croll and Smith, 1972; Tobata-Kudo
et al., 2000b; Bryant et al., 2018). Their tracks become more curved as
the iL3s approach their preferred temperature, suggesting that iL3s
transition from long-range navigation to local search as they gain
proximity to a potential host (Haas, 2003; Castelletto et al., 2014;
Bryant et al., 2018). The unstimulated movements of iL3s are also
highly curved (Croll and Smith, 1972; Bryant et al., 2018). Together,
this suggests that local search is a basal behavior that can be suppressed
by strong thermal drive. Once skin-penetrating iL3s have neared host
body temperature, they re-engage in local search and initiate other
behaviors associated with host invasion, such as nictation and skin
penetration (Granzer and Haas, 1991; Haas et al., 2005a; Sakura and
Uga, 2010; Castelletto et al., 2014; Bryant et al., 2018).
4.4. Thermal drive can overcome chemosensory responses
The potent ability of heat and odorants to drive host-seeking be-
haviors in skin-penetrating iL3s raises the question of whether these
two sensory modalities interact to regulate behavior. The anthro-
pophilic mosquito Aedes aegypti integrates multiple sensory modalities
during host seeking, such that CO2 stimuli enable behavioral responses
to heat and host-emitted odorants (McMeniman et al., 2014). Similarly,
for A. duodenale and N. americanus iL3s, a stream of CO2 only stimulates
movement in the presence of warmth or moisture, an effect thought to
reflect a response to human breath (Haas et al., 2005a). During directed
navigation, the presence of strong thermal drive can overcome the at-
traction of S. stercoralis iL3s to host-emitted odorants, suggesting that
thermal cues can be dominant to olfactory cues (Fig. 3) (Bryant et al.,
2018). Specifically, when an attractive host odorant is placed below
mammalian body temperature in a thermal gradient, iL3s bypass the
odorant to travel up the thermal gradient. However, when the odorant
is placed at mammalian body temperature, iL3s are less likely to exceed
the odorant's temperature as compared to their migration in pure
thermal gradients (Fig. 3) (Bryant et al., 2018). Additional experiments
are needed to determine whether thermal drive can overcome repulsive
odorants, gate responses to neutral odorants, or enhance the responses
of iL3s to other sensory modalities.
5. Thermosensory responses of passively ingested nematodes
Attraction to mammalian body temperature is not limited to skin-
penetrating iL3s. iL3s of the passively ingested murine parasite H.
polygyrus also display robust positive thermotaxis to temperatures near
host body temperature (Table 1) (Bryant et al., 2018). The attraction of
H. polygyrus iL3s to heat is consistent with their attraction to mam-
malian odorants (Hernandez and Sukhdeo, 1995; Ruiz et al., 2017), and
Fig. 2. Recently experienced environmental
temperatures alter the thermosensory pre-
ferences of environmentally motile S. stercoralis
iL3s. A. Left: S. stercoralis iL3s initially cultured at
23°C and then shifted to 15°C for 2 h show a dramatic
increase in positive thermotaxis when placed at
∼22°C in a 20–33°C thermal gradient. Right: S.
stercoralis iL3s initially cultured at 23°C and then
shifted to 37°C for 2 h show a slight decrease in
positive thermotaxis when placed at ∼30°C in a
21–33°C thermal gradient. ****p < 0.0001, two-
way ANOVA with Tukey's post-test. Graphs depict
medians and interquartile ranges. In some cases,
error bars are too small to be visible. Figure modified
from Bryant et al. (2018) with permission (Bryant
et al., 2018). B. Model showing the possible tem-
perature-driven movements of iL3s that have re-
cently experienced cooler environmental tempera-
tures. iL3s primarily display positive thermotaxis,
which may direct them toward potential hosts. Ethologically, this scenario may arise in the late evening or early morning, when environmental temperatures are low
and hosts are active. iL3s are not drawn to scale. C. Model showing the possible temperature-driven movements of iL3s that have recently experienced warmer
environmental temperatures. iL3s engage in both positive and negative thermotaxis, which may direct some iL3s toward hosts and some deeper in the soil, where
temperatures are cooler. Ethologically, this scenario may arise in the daytime, when environmental temperatures are highest. iL3s are not drawn to scale.
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suggests that H. polygyrus iL3s navigate toward hosts to position
themselves where they are more likely to be ingested. Moreover, like
skin-penetrating iL3s, H. polygyrus iL3s can display either positive or
negative thermotaxis, depending on the precise thermal gradient and
their prior cultivation temperature (Bryant et al., 2018). In contrast to
H. polygyrus, iL3s of the passively ingested ruminant parasite H. con-
tortus display an experience-dependent preference for their previous
cultivation temperature, similar to C. elegans (Li et al., 2000b). The
responses of other passively ingested nematodes to thermal stimuli have
not yet been investigated.
6. Mechanosensory responses of parasitic nematodes
The mechanosensory responses of C. elegans have been widely stu-
died and consist of a diverse group of behaviors (Goodman, 2006;
Chalfie et al., 2014). Mechanosensory stimuli that are known to gen-
erate behavioral responses in C. elegans adults include but are not
limited to gentle touch (Sulston et al., 1975; Chalfie and Sulston, 1981;
Wicks and Rankin, 1995; Wicks et al., 1996; Goodman, 2006), harsh
touch (Way and Chalfie, 1989; Chalfie and Wolinsky, 1990), nose touch
(Kaplan and Horvitz, 1993), and vibration (Goodman, 2006; Holbrook
and Mortimer, 2018). The specific behavior produced is dependent on
the precise nature of the mechanical stimulus (Goodman, 2006; Chalfie
et al., 2014). For example, a gentle touch stimulus delivered selectively
to the nose can elicit one of two distinct behavioral responses, de-
pending on the orientation of the stimulus: gentle touch to the front of
the nose triggers backward locomotion, while gentle touch to the side of
the nose triggers a head-withdrawal reflex (Kaplan and Horvitz, 1993;
Driscoll and Kaplan, 1997; Chalfie et al., 2014). Mechanosensory re-
sponses can habituate and sensitize following repeated stimulation
(Rankin et al., 1990; Hobert, 2003; Chen and Chalfie, 2014), and can be
modulated by internal and external conditions such as the presence of
bacterial food and starvation state (Way and Chalfie, 1989; Chao et al.,
2004; Goodman, 2006; Chalfie et al., 2014). In addition, C. elegans
dauers engage in nictation, a behavior associated with mechanosensory
circuits (Lee et al., 2012). Nictation is thought to act as a dispersal
mechanism for dauers by facilitating phoretic associations with insects
and other invertebrates (Lee et al., 2012).
Unlike C. elegans, the mechanosensory responses of soil-transmitted
parasitic nematodes have not been closely examined. Nevertheless,
several observations indicate that for soil-transmitted iL3s, tactile re-
sponses are likely to be involved in multiple behaviors, including host
detection, host contact, and host invasion. Substrate vibration has been
found to trigger arousal in multiple mammalian-parasitic species
(Granzer and Haas, 1991; Haas et al., 2005a); this observation suggests
a strategy wherein iL3s transition from quiescence to host seeking when
they detect the seismic signals generated by the movement of a po-
tential host (Haas, 2003). Further experiments are needed to char-
acterize the effect of substrate vibration on iL3 behavior and to de-
termine how responses to vibration differ across species with different
hosts and infection routes.
Mechanosensory stimuli are also likely to contribute to short-range
host attachment and host invasion. Touch stimulates arousal and in-
creases crawling speed (Haas, 2003; Castelletto et al., 2014), which
may increase the likelihood of host contact. In addition, the iL3s of
many parasitic nematode species engage in nictation, which facilitates
host attachment (Granzer and Haas, 1991). Mechanosensation is also
thought to play a role in skin penetration (Fine et al., 1997). Interest-
ingly, skin-penetrating iL3s have been shown to enter host tissue nose-
first (Zaman et al., 1980; Sakura and Uga, 2010), suggesting their re-
sponse to nose touch is likely very different from that of C. elegans.
However, the precise responses of parasitic nematodes to nose touch
and other touch stimuli remain to be investigated.
Fig. 3. Sensory-driven migration of S. stercoralis iL3s. A. Diagram of an experiment testing the migration of iL3s in a linear thermal gradient. The temperature
increases from left to right across the gradient. iL3s are not drawn to scale. B. Tracks of individual S. stercoralis iL3s displaying unstimulated movement patterns while
migrating for 10 min on an isothermal room temperature agar plate. Dashed bar indicates approximate starting location of iL3s. C. Tracks of individual S. stercoralis
iL3s displaying positive thermotaxis at temperatures below host body temperature. The gradient ranges from 20 to 34°C; the starting temperature of the iL3s
(Tstart) =∼25°C. Only a portion of the plate is shown. D. Tracks of individual S. stercoralis iL3s displaying positive thermotaxis at temperatures near host body
temperature. The gradient ranges from 29 to 41°C; Tstart =∼35°C. Only a portion of the plate is shown. iL3s migrate up the gradient, although with increased
tortuosity relative to their migration at lower temperatures. E. Diagram of an experiment testing the interaction between a thermal gradient and an odorant. Black
dot indicates a point source of the odorant. F. Tracks of S. stercoralis iL3s displaying chemosensory-driven movement toward the attractive host odorant 3-methyl-1-
butanol (3m1b, 5 μL undiluted) under isothermal room temperature conditions. Dashed bar indicates approximate starting location of iL3s. G. S. stercoralis iL3s
bypass the host odorant to travel up the thermal gradient when exposed to 3m1b in thermal gradients below host body temperature. The gradient ranges from 20 to
34°C; Tstart =∼25°C and the temperature at which the odorant is placed (Todorant)= 27°C. Only a portion of the plate is shown. H. The temperature-driven migration
of S. stercoralis iL3s near host body temperatures is attenuated by the presence of 3m1b. The gradient ranges from 29 to 41°C; Tstart =∼35°C and Todorant = 37°C. For
B-D and F--H, scale bar indicates 2 cm. Assays in B-D and F-H ran for 10 min. B-D and F are reproduced from Bryant et al. (2018) with permission (Bryant et al.,
2018); G-H are modified from Bryant et al. (2018) with permission (Bryant et al., 2018).
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7. Other sensory modalities that contribute to host seeking
Additional sensory responses may contribute to the host-seeking
behaviors of iL3s, including responses to moisture and light. Responses
to moisture are poorly understood, although changes in humidity have
been shown to drive behavioral arousal in skin-penetrating iL3s and to
enhance nictation and skin-penetration behavior (Haas, 2003; Haas
et al., 2005a). These effects may be due in part to moist environments
promoting greater motility (Granzer and Haas, 1991; Haas, 2003). In
addition, passively ingested H. contortus iL3s display greater vertical
migration in moist environments (Rees, 1950). However, whether iL3s
display directional migration toward moisture remains unclear. Some
parasitic species may also display rheotaxis – swimming against current
flow – although others do not (Fulleborn, 1924; Bone, 1985). Photo-
tactic responses have been reported for some iL3s but not others (Rees,
1950; Reesal, 1951; Parker and Haley, 1960; Croll and Smith, 1972;
Granzer and Haas, 1991; Haas et al., 2005a, 2005b). However, positive
responses to light sources are difficult to interpret, since the infrared
component of bright light may activate thermotaxis behaviors (Parker
and Haley, 1960).
8. Neural circuits underlying host seeking
The neural basis of sensory-driven host seeking by parasitic nema-
todes is not well understood. In contrast, sensory behaviors have been
studied extensively in C. elegans, as have the underlying genetic and
neural mechanisms. Sensory neuroanatomy and function are at least
partly conserved across many nematode species, including free-living
and parasitic species (Ashton et al., 1995, 1998, 1999, 2007; Ashton
and Schad, 1996; Fine et al., 1997; Li et al., 2000a, 2000b, 2001;
Bhopale et al., 2001; Forbes et al., 2004; Ketschek et al., 2004; Zhu
et al., 2011; Gang and Hallem, 2016). Thus, C. elegans serves as a
powerful starting point for elucidating the molecular and cellular me-
chanisms that drive host seeking, since many of the neurons that
mediate sensory behaviors in C. elegans are also likely to be critical for
sensory behaviors in parasitic nematodes. However, a complete me-
chanistic understanding of host seeking will require identification of the
specific molecular and cellular adaptations that enable parasitic but not
free-living nematodes to host seek. In addition, since parasitism has
arisen multiple times within the phylum Nematoda (Blaxter et al.,
1998; Meldal et al., 2007; van Megan et al., 2009; Blaxter and
Koutsovoulos, 2014), some of the parasite-specific adaptations that
drive host seeking may differ across phylogenetically distant species
such as those in the genus Strongyloides and those in the genera Ancy-
lostoma and Necator.
8.1. Sensory neuron function in C. elegans
In C. elegans, the primary sensory organs are the bilateral amphid
sensilla in the head; each amphid contains the ciliated dendrites of 12
sensory neurons that are named based on the unique morphology of
their sensory endings (Perkins et al., 1986; Bargmann, 2006). In each
amphid, 11 sensory neurons detect chemosensory cues such as odor-
ants, tastants, and pheromones (Bargmann, 2006; Rengarajan and
Hallem, 2016). For example, olfactory attraction is mediated primarily
by the AWA and AWC neurons, while olfactory repulsion is mediated
primarily by the AWB, ASH, and ADL neurons (Bargmann et al., 1990,
1993; Troemel et al., 1997; Bargmann, 2006; Rengarajan and Hallem,
2016). An additional amphidial sensory neuron pair, AFD, acts as the
primary thermosensory neuron pair (Mori and Ohshima, 1995;
Bargmann, 2006; Chung et al., 2006; Ramot et al., 2008a; Garrity et al.,
2010; Wasserman et al., 2011; Luo et al., 2014; Goodman and
Sengupta, 2018; Hawk et al., 2018). The AWC olfactory neurons also
respond to thermal stimuli, including noxious heat (Biron et al., 2008;
Kuhara et al., 2008; Garrity et al., 2010; Kotera et al., 2016). Several
non-amphidial sensory neurons contribute to the detection of noxious
thermal cues (Glauser et al., 2011; Liu et al., 2012). In addition, a
number of amphidial and non-amphidial neurons mediate the detection
of oxygen (O2) and CO2 (Cheung et al., 2004; Gray et al., 2004; Zimmer
et al., 2009; Couto et al., 2013; Kodama-Namba et al., 2013; Carrillo
and Hallem, 2015; Fenk and de Bono, 2015; Rengarajan and Hallem,
2016), including the BAG neurons in the head, which detect molecular
CO2 (Hallem and Sternberg, 2008; Bretscher et al., 2011; Guillermin
et al., 2011, 2017; Hallem et al., 2011b; Carrillo et al., 2013; Kodama-
Namba et al., 2013; Smith et al., 2013).
For C. elegans hermaphrodites, 30 mechanoreceptor neurons con-
tribute to the detection of tactile cues, including some that innervate
the body wall and others that innervate the tip of the nose (Goodman,
2006). Several of these neurons detect mechanosensory cues delivered
to the head, including the multimodal amphidial ASH neurons (Kaplan
and Horvitz, 1993), which contribute to nose-touch-triggered reversals.
In addition, some of the neurons that innervate the cephalic sensilla
contribute to the detection of texture, and some of the neurons that
innervate the inner and outer labial sensilla participate in the head-
withdrawal reflex (Altun and Hall, 2010).
8.2. Sensory neuroanatomy of environmentally motile iL3s
Structural studies of amphid morphology in environmentally motile
parasitic nematodes found that the amphids of these nematodes re-
semble those of C. elegans. However, the exact number of neurons in-
nervating the amphids varies slightly by species, from 12 to 13 (Ashton
et al., 1995, 1999; Ashton and Schad, 1996; Li et al., 2000a, 2001; Zhu
et al., 2011). In addition, the structural details of dendritic processes
can vary significantly between species and life stages, making it diffi-
cult to conclusively identify the parasite homologs of some C. elegans
amphidial neurons based on structure alone. For example, hookworms
and H. contortus have a pair of neurons with characteristic “finger-like”
dendritic processes that are easily identifiable as homologs of the C.
elegans AFD neurons (Ashton et al., 1999; Li et al., 2000a, 2001;
Bhopale et al., 2001; Goodman and Sengupta, 2018), whereas the more
phylogenetically distant species S. stercoralis lacks these projections
(Ashton et al., 1995, 1999; Ashton and Schad, 1996). Instead, S. ster-
coralis has a “lamellar cell” pair called ALD, yet whether ALD is more
similar to C. elegans AFD or AWC remains unclear (Ashton et al., 1995,
1999; Ashton and Schad, 1996; Lopez et al., 2000).
In S. stercoralis and A. duodenale iL3s, the cephalic and labial sensilla
are generally organized as in C. elegans dauers; these sensilla are
thought to be mechanosensory based on their position and structural
characteristics (Ashton et al., 1995; Ashton and Schad, 1996; Fine et al.,
1997). As in the amphids, the exact number of neurons per sensillum
varies between parasitic and free-living species, as does the structure of
the dendritic endings (Fine et al., 1997). The functional roles of the
labial and cephalic neurons have not yet been tested in parasitic ne-
matodes, although they are thought to play a role in skin penetration.
Similarly, the effect of specific structural characteristics of the cephalic
and labial sensilla on mechanosensory responses in iL3s is unknown.
8.3. Chemosensory neuron function in environmentally motile iL3s
The functions of sensory neurons in parasitic iL3s have so far been
assessed by combining laser ablation with behavioral analysis. In
parasitic nematodes, laser ablation studies have identified several am-
phidial neurons that functionally contribute to chemosensory beha-
viors. S. stercoralis ASE is involved in iL3 attraction to skin extracts and
sodium chloride (Ashton et al., 1999; Forbes et al., 2004), similar to the
role of C. elegans ASE in mediating attraction to sodium chloride and
other gustatory cues (Bargmann and Horvitz, 1991). In S. stercoralis, the
ALD neurons also contribute to attraction to skin extracts (Ashton et al.,
1999). The ASH neurons of S. stercoralis and A. caninum mediate re-
pulsion from chemical stimuli (Forbes et al., 2004; Ketschek et al.,
2004), as in C. elegans (Bargmann and Horvitz, 1991; Bargmann, 2006).
A.S. Bryant, E.A. Hallem IJP: Drugs and Drug Resistance 8 (2018) 496–510
502
Whether the mechanosensory function of C. elegans ASH neurons is also
conserved in the ASH neurons of parasitic nematodes remains to be
determined. The ADL neurons of A. caninum have been shown to con-
tribute to chemical avoidance (Ketschek et al., 2004), consistent with
their role in mediating chemical avoidance in C. elegans (Sambongi
et al., 1999; Chao et al., 2004; Bargmann, 2006). The sensory neurons
that mediate responses to olfactory cues and gases have not yet been
identified in mammalian-parasitic iL3s. However, the BAG sensory
neurons were found to mediate CO2 response in two phylogenetically
distant species of entomopathogenic nematodes in addition to C. elegans
(Hallem and Sternberg, 2008; Hallem et al., 2011a; Rengarajan and
Hallem, 2016), suggesting BAG neurons may also mediate CO2 detec-
tion in mammalian-parasitic iL3s.
8.4. Thermosensory neuron function in environmentally motile iL3s
The C. elegans AFD and AWC neurons possess complex dendritic
structures: AFD is characterized by an elaborate “finger-like” ciliary
structure and AWC by a large and highly developed “wing-like” ciliary
structure (Perkins et al., 1986; Doroquez et al., 2014; Goodman and
Sengupta, 2018). Neurons identified as parasite homologs of AFD based
on the position of their cell bodies and a ciliary morphology resembling
that of C. elegans AFD were found to be required for thermotaxis in both
the skin-penetrating hookworm A. caninum and the passively ingested
nematode H. contortus (Li et al., 2000b; Bhopale et al., 2001). In H.
contortus, AWC is not required for thermotaxis (Li et al., 2000b), al-
though an accessory role in thermosensation similar to that of C. elegans
AWC cannot be excluded. In S. stercoralis, the ALD neuron is required
for positive thermotaxis by iL3s (Ashton et al., 1999; Lopez et al.,
2000).
8.5. Neural mechanisms underlying parasite-specific behaviors
The mechanisms that underlie parasite-specific host-seeking beha-
viors are not known but may arise from differences at the level of cel-
lular or circuit function. Differences in the structure of amphid neuron
processes across nematode species raise the question of whether these
differences reflect functional adaptations. In C. elegans, many sensory
neurons possess intricate receptive endings that are required for normal
sensory function (Perkins et al., 1986; Satterlee et al., 2001; Bargmann,
2006; Inglis et al., 2006; Doroquez et al., 2014; Singhvi et al., 2016;
Goodman and Sengupta, 2018). In the case of the AFD neurons, the
complexity of the “finger-like” processes may enhance neuronal sensi-
tivity by increasing the membrane surface-area-to-volume ratio,
thereby enabling increased localized expression of membrane-bound
thermosensory molecules (Goodman and Sengupta, 2018). Whether
structural differences in parasitic sensory neurons, such as the unique
morphology of the S. stercoralis ALD neurons (Ashton et al., 1995, 1999;
Ashton and Schad, 1996; Lopez et al., 2000), result in functional spe-
cializations for responding to host-emitted sensory cues is unclear. In C.
elegans, a fully assembled wiring diagram provides a detailed map of
neuronal structure and connectivity (White et al., 1986; Varshney et al.,
2011; Emmons, 2016). The construction of similar wiring diagrams for
parasitic nematodes may enable the identification of changes in con-
nectivity that give rise to parasite-specific behaviors.
In addition, future experiments will need to test whether parasite-
specific host-seeking behaviors are generated by specialized functional
properties of parasite sensory neural circuits. These efforts will likely
require the use of genetically encoded calcium sensors to monitor
neural activity in parasitic nematodes, as has been done in C. elegans.
For example, in the case of thermosensation, neural imaging studies in
C. elegans have identified multiple mechanisms that regulate thermo-
sensory coding, including sensory adaptation in primary sensory neu-
rons and synaptic plasticity between sensory neurons and downstream
interneurons (Biron et al., 2006; Clark et al., 2006, 2007a; Yu et al.,
2014; Hawk et al., 2018). In the case of CO2 response in C. elegans,
neural imaging revealed that CO2-response valence is regulated by ex-
perience-dependent modulation of sensory-neuron-to-interneuron sy-
napses (Guillermin et al., 2017). Whether the experience-dependent
and life-stage-specific changes in the sensory-driven behaviors of
parasitic nematodes are mediated by similar mechanisms, or by para-
site-specific adaptations to underlying neural circuits, has not yet been
tested.
9. A molecular toolkit for parasitic nematodes
Until recently, the lack of tools for genetic manipulation of parasitic
nematodes severely limited our knowledge of the cellular and mole-
cular mechanisms underlying parasitic behaviors. Several technical
advances are fostering a new era for genetic analysis and manipulation
in parasitic nematodes. The fully-sequenced genomes of many parasitic
nematodes are publicly available (Howe et al., 2017), as is life-stage-
specific RNA-Seq data from multiple species, including S. stercoralis
(Stoltzfus et al., 2012b; Hunt et al., 2016; Howe et al., 2017). These
high-quality reference genomes are facilitating the identification of
homologous genes in free-living and parasitic nematodes. Furthermore,
life-stage-specific datasets support efforts to identify genes critical for
parasitism (Hunt et al., 2016).
Several techniques have been adapted for the study of gene function
in parasitic nematodes with an environmentally motile infective stage.
In particular, efforts to achieve transgenesis have been highly successful
in Strongyloides species (Lok and Massey, 2002; Junio et al., 2008; Li
et al., 2011; Lok, 2012, 2013; Shao et al., 2012; Lok et al., 2017). This
success is enabled by the free-living adult life stage of Strongyloides
species (Lok et al., 2017). The free-living Strongyloides adults are mor-
phologically similar to C. elegans adults; thus, foreign DNA can be in-
troduced by intragonadal microinjection using modifications of tech-
niques originally developed for use in C. elegans (Evans, 2006).
Injection of plasmid constructs can result in expression of exogenous
genes through the formation of extrachromosomal arrays, as in C. ele-
gans (Li et al., 2006, 2011; Junio et al., 2008; Lok et al., 2017). Fur-
thermore, several studies have identified S. stercoralis promoters that
drive expression in specific neurons or subsets of neurons (Junio et al.,
2008; Stoltzfus et al., 2012a; Bryant et al., 2018). Thus, it should be
possible to express genetically encoded calcium sensors such as GCaMP
or cameleon (Nagai et al., 2004; Chen et al., 2013) and tools for genetic
cell ablation or silencing (Schiavo et al., 1992; Pokala et al., 2014) in
specific subsets of S. stercoralis neurons. However, whereas stable ex-
pression from extrachromosomal arrays occurs across generations in C.
elegans (Evans, 2006), expression from extrachromosomal arrays is
limited to the F1 generation in Strongyloides (Junio et al., 2008). Ex-
pression across multiple generations in Strongyloides requires genomic
integration, which can be achieved by either transposon-mediated
random integration or CRISPR/Cas9-mediated targeted integration
(Shao et al., 2012; Lok, 2013; Gang et al., 2017).
The CRISPR/Cas9 system was recently adapted for use in S. ster-
coralis and S. ratti (Gang et al., 2017; Lok et al., 2017). This system can
be used to obtain homozygous gene disruptions in the F1 generation,
thereby enabling the study of genes with recessive mutant phenotypes,
including those that impair or eliminate infectivity and would therefore
preclude host passage (Gang et al., 2017; Bryant et al., 2018). To date,
the efficacy of CRISPR/Cas9-mediated mutagenesis has been relatively
consistent across genes and CRISPR target sites (Gang et al., 2017;
Bryant et al., 2018). Gene disruptions have been generated by both
deletions at the target region and homology-directed repair (HDR)-
mediated integration of a repair template (Gang et al., 2017; Lok et al.,
2017; Bryant et al., 2018). Deletions at the target region can, in at least
some cases, be large deletions of> 500 base pairs (Gang et al., 2017).
Large deletions generated by CRISPR/Cas9 have also been observed in a
number of contexts, including mammalian cell lines (Kosicki et al.,
2018). Whether large deletions occur at all CRISPR target sites in
Strongyloides or only a subset remains to be determined.
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A pipeline for CRISPR/Cas9-mediated targeted mutagenesis in
Strongyloides has now been established (Fig. 4) (Gang et al., 2017;
Bryant et al., 2018). DNA plasmids containing the CRISPR components,
including a repair template for HDR containing a fluorescent reporter,
are introduced into free-living adult females by gonadal microinjection.
F1 iL3s are then screened by epifluorescence microscopy for the pre-
sence of the reporter. Since the repair template can form an extra-
chromosomal array, some animals will show reporter expression that is
independent of gene disruption. Thus, iL3s expressing the reporter are
subjected to single-worm behavioral or functional assays, and then
genotyped post hoc for homozygous disruption of the gene of interest
and integration of the repair template (Fig. 4). A subset of the animals
with homozygous gene disruptions will not show integration of the
repair template (Gang et al., 2017; Bryant et al., 2018); whether these
animals are excluded from subsequent analyses depends on the like-
lihood that a large deletion at the target region will disrupt neighboring
genes. In addition to generating gene knockouts, CRISPR/Cas9-medi-
ated HDR can be used to knock in exogenous genes at specific genetic
loci (Gang et al., 2017; Bryant et al., 2018), an attractive alternative to
the random integration produced by transposon-mediated techniques.
In our hands, testing the function of a single gene in S. stercoralis
using CRISPR/Cas9-mediated targeted mutagenesis can take ∼3–6
months, from the initial design of the CRISPR plasmids to the accu-
mulation of enough single-worm behavioral assays with post-hoc-gen-
otyped F1 iL3s to ensure sufficiently powered statistical testing (Bryant
et al., 2018). A major bottleneck is the screening of the F1 generation
for transgenic animals expressing the fluorescent reporter (Fig. 4), be-
cause these animals generally represent only a small percentage of the
total F1 population. Furthermore, although generating stable knockout
lines with S. stercoralis is feasible (Gang et al., 2017), it is labor-in-
tensive because hundreds of mutant iL3s must be obtained to achieve a
patent infection in gerbils, the laboratory host for S. stercoralis (Lok,
2007). In addition, iL3s with mutations in genes that are required for
infectivity or development inside the host cannot be propagated
through gerbils as homozygotes but must instead be propagated as
heterozygotes and then homozygosed in the free-living generation prior
to behavioral testing. Thus, testing F1 iL3s directly without generating a
stable line is generally a more efficient approach. Given the labor-in-
tensive nature of the CRISPR pipeline even when F1 iL3s are tested
directly, scaling up CRISPR/Cas9-mediated mutagenesis to more than a
few genes at a time is not yet practical. Several technical advances that
increase HDR efficacy have recently been developed in C. elegans, in-
cluding the use of modified double-stranded DNA repair templates
(Dokshin et al., 2018; Ghanta et al., 2018). These techniques may be
applicable to parasitic nematodes; dramatic increases in efficacy could
enable the use of CRISPR/Cas9-mediated mutagenesis for small-scale
functional screens.
Other techniques have also been adapted for genetic manipulation
in parasitic nematodes. For example, chemical mutagenesis screens
have been used to generate non-targeted dominant mutations in S. ratti
iL3s, although mapping the genes responsible for these mutations has
not yet been feasible (Viney et al., 2002; Guo et al., 2015). RNA in-
terference (RNAi) has been used for targeted repression of gene ex-
pression in several parasitic nematode species, although its efficacy can
be variable (Geldhof et al., 2006; Kotze and Bagnall, 2006; Visser et al.,
2006; Kang and Hong, 2008; Lendner et al., 2008; Viney and
Thompson, 2008; Samarasinghe et al., 2011; Britton et al., 2012;
Zawadzki et al., 2012; Tzelos et al., 2015). Furthermore, in many
Fig. 4. A pipeline for CRISPR/Cas9-mediated targeted mutagenesis in S. stercoralis. A. DNA plasmids containing the CRISPR components (the Cas9 gene, a
single guide RNA, and a repair template containing a red fluorescent marker for homology-directed repair) are introduced into free-living adult females (P0) by
gonadal microinjection. The F1 iL3 progeny are then screened for the presence of the fluorescent marker. Individual F1 iL3s expressing the fluorescent marker are
subjected to single-worm behavioral or physiological assays, and then PCR-genotyped post hoc. B. Individual F1 iL3s are PCR-genotyped for homozygous disruption of
the gene of interest and integration of the repair template (Gang et al., 2017; Bryant et al., 2018). Left, diagram depicting the expected PCR products from single-
worm genotyping. Approximate locations of primer binding sites are shown as green arrows. In the diagram of the wild-type chromosomal locus (top), the thin grey
line represents the location of the CRISPR target site and the yellow regions indicate the DNA sequences that match the homology arms of the repair template. In the
diagram of the chromosomal locus after the repair template has integrated, the grey arrow indicates the promoter used to drive expression of the fluorescent reporter
gene and the red region indicates the coding sequence of the reporter gene. The wild-type amplicon will yield a PCR product only if the unedited wild-type locus is
present. The 5′ integration band tests for integration of the 5′ end of the repair template; the 3′ integration band tests for integration of the 3′ end of the repair
template. For both PCR reactions testing for integration of the repair template, one primer matches a sequence in the repair template and the other matches a
sequence in the flanking genomic DNA. Thus, these reactions will only yield a PCR product following successful homology-directed repair. Right, examples from DNA
gels showing the PCR products obtained from a wild-type iL3 and a repair-template-integrated iL3. ctrl= a positive control that amplifies a wild-type region of the S.
stercoralis actin-2 gene; wt=wild-type amplicon; 5’=5′ integration band; 3’=3′ integration band. DNA ladder shows 2 kb, 1.5 kb, 1 kb, and 500 bp bands from top
to bottom. Figure adapted from Gang et al. (2017). (For interpretation of the references to colour in this figure legend, the reader is referred to the Web version of this
article.)
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species, including Strongyloides species, successful application of RNAi
has not yet been reported (Geldhof et al., 2007). In the human-parasitic
nematode Brugia malayi, the rate of effective gene knockdown following
application of heterogenous short interfering RNA (hsiRNA) mixtures
appears to be higher than the rates of gene knockdown using long
double-stranded RNA (dsRNA) or synthetic short interfering RNAs
(siRNAs) (Landmann et al., 2012). In contrast, preliminary efforts to
adapt hsiRNA methodologies for soil-transmitted iL3s have not been
promising: hsiRNA is less effective than dsRNA in the ovine-parasitic
nematode Teladorsagia circumcincta (Tzelos, 2014), and does not induce
RNA silencing in N. brasiliensis (Roberts, 2017). Thus, the development
of a method for achieving RNA interference in soil-transmitted iL3s will
likely require a substantial technical investment.
10. Molecular mechanisms of host seeking
A multitude of tools available for use in C. elegans has resulted in a
deep understanding of the molecular basis of C. elegans sensory trans-
mission for multiple sensory modalities (Bargmann, 2006; Garrity et al.,
2010; Hart and Chao, 2010; Aoki and Mori, 2015; Carrillo and Hallem,
2015; Glauser and Goodman, 2016; Rengarajan and Hallem, 2016).
Knowledge of C. elegans molecular mechanisms can now be combined
with comparative genomic analyses and CRISPR/Cas9-mediated mu-
tagenesis in Strongyloides species to test the role of specific genes in
sensory-driven host-seeking behaviors (Bryant et al., 2018).
The tax-4 gene encodes a cyclic nucleotide-gated channel subunit
that is expressed in multiple head sensory neurons in C. elegans and is
required for many sensory-driven behaviors, including thermotaxis
navigation (Fig. 5A and B), attraction to aqueous and volatile che-
moattractants, and avoidance of volatile chemorepellants (Bargmann
et al., 1993; Mori and Ohshima, 1995; Coburn and Bargmann, 1996;
Komatsu et al., 1996, 1999; Satterlee et al., 2004; Bargmann, 2006; Ito
et al., 2006; Kuhara et al., 2008; Jurado et al., 2010). The S. stercoralis
genome contains a tax-4 homolog; consistent with its expression pattern
in C. elegans, Ss-tax-4 is expressed in multiple head neurons (Gang et al.,
2017; Bryant et al., 2018). Homozygous disruption of Ss-tax-4 (Gang
et al., 2017; Bryant et al., 2018) resulted in multiple deficits in the
temperature-driven behaviors of S. stercoralis iL3s, including the loss of
positive thermotaxis toward mammalian body temperatures (Fig. 5C)
(Bryant et al., 2018). Whether Ss-tax-4 is also required for chemosen-
sory behaviors in S. stercoralis iL3s has not yet been tested. Never-
theless, the finding that Ss-tax-4 is required for positive thermotaxis in
S. stercoralis iL3s demonstrates that tax-4 plays a conserved role in
mediating at least some aspects of sensory transduction across free-
living and parasitic nematode species (Bryant et al., 2018).
Our understanding of the molecular mechanisms underlying sensory
responses in C. elegans provides multiple gene targets for future in-
vestigations of S. stercoralis sensory transduction. For example, in C.
elegans, a trio of receptor guanylate cyclases (GCY-8, GCY-18, GCY-23)
act upstream of TAX-4 to enable thermosensory responses in AFD
(Inada et al., 2006; Kuhara et al., 2008, 2011; Ramot et al., 2008a;
Wasserman et al., 2011; Liu et al., 2012; Takeishi et al., 2016). In ad-
dition, the C. elegans odr-3 gene encodes a G protein alpha subunit that
mediates chemosensory responses in multiple chemosensory neurons
(Roayaie et al., 1998; Lans et al., 2004; Bargmann, 2006; Yoshida et al.,
2012; Harris et al., 2014), and the C. elegans osm-9 gene encodes a
transient receptor potential V (TRPV) channel involved in some che-
mosensory responses, osmotic avoidance, and detection of noxious
temperatures (Colbert et al., 1997; Tobin et al., 2002; Glauser et al.,
2011; Liu et al., 2012; Schild and Glauser, 2013; Venkatachalam et al.,
2014). Whether homologs of these genes, other genes involved in C.
elegans sensory transduction, or parasite-specific genes also play a role
in sensory-driven host seeking by parasitic nematodes requires in-
vestigation, ideally via CRISPR/Cas9-mediated gene disruption.
11. Conclusions
Environmentally motile parasitic nematode infective larvae find and
infect hosts by sampling various aspects of their sensory environment.
Multiple studies have demonstrated the importance of thermal and
chemical cues in driving host-seeking behaviors. Future research will
characterize quantitatively the interaction between thermosensation
and chemosensation in parasitic nematode infective larvae and will
elucidate the role of additional understudied sensory modalities in
driving host seeking. Furthermore, recent methodological advances will
enable a better understanding of the molecular, cellular, and circuit
mechanisms that underlie sensory behaviors in parasitic nematodes.
This knowledge will provide insights into how the sensory systems of
Fig. 5. The tax-4 gene is required for
both C. elegans and S. stercoralis ther-
motaxis behavior. A. Diagram of the C.
elegans TAX-4-dependent thermosensory
signal transduction pathway. Changes in
temperature activate receptor guanylate
cyclases, which in turn activate TAX-2/
TAX-4 cation channels via cGMP signaling.
This pathway is required for thermotaxis
navigation in C. elegans. Figure adapted
from Bargmann (2006). B. Left: Tracks of
wild-type C. elegans adults migrating iso-
thermally in a radial thermal gradient.
Right: A null mutation in the C. elegans tax-4
gene abolishes the temperature-driven be-
havior of C. elegans adults. Cultivation
temperature (TC)= 20°C. Figure re-
produced from Komatsu et al., 1996 with
permission (Komatsu et al., 1996). C. Left:
Tracks of no-Cas9-control S. stercoralis iL3s
displaying positive thermotaxis. Right:
CRISPR/Cas9 targeting of the Ss-tax-4 gene
results in reduced positive thermotaxis to-
ward host body temperatures by Ss-tax-4
iL3s. The gradient ranges from ∼22 to
34°C; Tstart =∼30°C. Only a portion of the full gradient is shown. Assays ran for 15min. Scale bar indicates 2 cm. No-Cas9-control iL3s were generated following the
same procedure used to generate the Ss-tax-4 iL3s, except that the plasmid encoding Cas9 was omitted from the microinjection mix. Figure reproduced from Bryant
et al., 2018 with permission (Bryant et al., 2018).
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parasitic nematodes are adapted to mediate host seeking and may en-
able the development of new strategies for nematode control. Parasitic
nematode infections are one of the most neglected sources of chronic
debilitating disease and economic burden, and parasitic nematode
sensory circuits are a promising yet largely unexplored target for in-
tervention.
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